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ABSTRACT  
Seasonal hypoxia in coastal systems drastically changes the availability of electron acceptors in bottom 
water, which alters the sedimentary reoxidation of reduced compounds. However, the effect of seasonal 
hypoxia on the chemolithoautotrophic community that catalyze these reoxidation reactions, is rarely studied. 
Here we examine the changes in activity and structure of the sedimentary chemolithoautotrophic bacterial 
community of a seasonally hypoxic saline basin under oxic (spring) and hypoxic (summer) conditions. 
Combined 16S rRNA gene amplicon sequencing and analysis of phospholipid derived fatty acids indicated a 
major temporal shift in community structure. Aerobic sulfur-oxidizing Gammaproteobacteria (Thiotrichales) 
and Epsilonproteobacteria (Campylobacterales) were prevalent during spring, whereas Deltaproteobacteria 
(Desulfobacterales) related to sulfate reducing bacteria prevailed during summer hypoxia. 
Chemolithoautotrophy rates in the surface sediment were three times higher in spring compared to summer. 
The depth distribution of chemolithoautotrophy was linked to the distinct sulfur oxidation mechanisms 
identified through microsensor profiling, i.e., canonical sulfur oxidation, electrogenic sulfur oxidation by 
cable bacteria, and sulfide oxidation coupled to nitrate reduction by Beggiatoaceae. The metabolic diversity 
of the sulfur-oxidizing bacterial community suggests a complex niche partitioning within the sediment 
probably driven by the availability of reduced sulfur compounds (H2S, S
0, S2O3
−2) and electron acceptors 
(O2, NO3
−) regulated by seasonal hypoxia.  
IMPORTANCE  
Chemolithoautotrophic microbes in the seafloor are dependent on electron acceptors like oxygen and 
nitrate that diffuse from the overlying water. Seasonal hypoxia however drastically changes the availability 
of these electron acceptors in the bottom water, and hence, one expects a strong impact of seasonal hypoxia 
on sedimentary chemolithoautotrophy. A multidisciplinary investigation of the sediments in a seasonally 
hypoxic coastal basin confirms this hypothesis. Our data show that bacterial community structure and the 
chemolithoautotrophic activity varied with the seasonal depletion of oxygen. Unexpectedly, the dark carbon 
fixation was also dependent on the dominant microbial pathway of sulfur oxidation occurring in the 
sediment (i.e., canonical sulfur oxidation, electrogenic sulfur oxidation by cable bacteria, and sulfide 
oxidation coupled to nitrate reduction by Beggiatoaceae). These results suggest that a complex niche 
partitioning within the sulfur-oxidizing bacterial community additionally affects the chemolithoautotrophic 
community of seasonally hypoxic sediments.
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INTRODUCTION  
The reoxidation of reduced intermediates formed during anaerobic mineralization of organic matter is a 
key process in the biogeochemistry of coastal sediments (1, 2). Many of the microorganisms involved in the 
reoxidation of reduced compounds are chemolithoautotrophs, which fix inorganic carbon using the chemical 
energy derived from reoxidation reactions (dark CO2 fixation). In coastal sediments, sulfate reduction forms 
the main respiration pathway, accounting for 50% to 90% of the organic matter mineralization (1). The 
reoxidation of the pool of reduced sulfur compounds produced during anaerobic mineralization (dissolved 
free sulfide, thiosulfate, elemental sulfur, iron monosulfides and pyrite) hence forms the most important 
pathway sustaining chemolithoautotrophy in coastal sediments (2, 3).  
Various lineages from the Alpha-, Gamma-, Delta- and Epsilonproteobacteria, including recently 
identified groups, such as particle-associated Gammaproteobacteria and large sulfur bacteria, couple dark 
CO2 fixation to the oxidation of reduced sulfur compounds in oxygen deficient marine waters and sediments, 
in coastal marine sediments and in lake sediments (4−9). Both chemolithoautotrophic sulfur-oxidizing 
Gammaproteobacteria and sulfur disproportionating Deltaproteobacteria have been identified to play a major 
role in the sulfur and carbon cycling in diverse intertidal sediments (10−12). Hence, chemolithoautotrophic 
sulfur-oxidizing communities vary between sediment environments, but it is presently not clear as to which 
environmental factors are actually determining the chemolithoautotrophic community composition at a 
given site.  
Seasonal hypoxia is a natural phenomenon that occurs in coastal areas around the world (13) and 
provides an opportunity to study the environmental factors controlling sedimentary chemolithoautotrophy. 
Hypoxia occurs when bottom waters become depleted of oxygen (< 63 µmol O2 L
-1), and has a large impact 
on the biogeochemical cycling and ecological functioning of the underlying sediments (13). The reduced 
availability or even absence of suitable soluble electron acceptors (O2, NO3
-) in the bottom water during part 
of the year should in principle result in a reduction or complete inhibition of sedimentary sulfur reoxidation, 
and hence, limit chemolithoautotrophy. At present, the prevalence and temporal variations of 
chemolithoautotrophy have not been investigated in coastal sediments of seasonal hypoxic basins. 
Likely, the availability of soluble electron acceptors (O2, NO3
-) in the bottom water is not the only 
determining factor of chemolithoautotrophy. A recent study conducted in a seasonally hypoxic saline basin 
(Lake Grevelingen, The Netherlands) indicated that the intrinsic structure and composition of the sulfur 
oxidizing microbial community also determined the biogeochemistry of the sediment (14). In this study, 
three distinct microbial sulfur oxidation mechanisms were observed throughout a seasonal cycle: (1) 
electrogenic sulfur oxidation by heterotrophic cable bacteria (Desulfobulbaceae); (2) canonical aerobic 
oxidation of free sulfide at the oxygen-sulfide interface and, (3) sulfide oxidation coupled to nitrate 
reduction by filamentous members of the Beggiatoaceae family that store nitrate intracellularly. The 
consequences of these three mechanisms on the chemolithoautotrophic community have however not been 
studied. The first sulfur oxidizing mechanism has been shown to affect the chemolithoautotrophic 
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community in sediments only under laboratory conditions (15) while the third mechanisms may directly 
involve chemolithoautotrophic Beggiatoaceae as some species are known to grow autotrophically (16). 
Accordingly, we hypothesize that the presence of these sulfur oxidation regimes as well as the depletion of 
O2 and NO3
- will result in a strong seasonality in both the chemolithoautotrophic activity and community 
structure under natural conditions.  
To examine the above hypothesis, we conducted a multidisciplinary study with intact sediments of Lake 
Grevelingen, involving both geochemistry and microbiology. Field sampling was conducted during spring 
(oxygenated bottom waters) and summer (oxygen depleted bottom waters). The dominant sulfur oxidation 
mechanism was geochemically characterized by sediment microsensor profiling (O2, H2S, pH) whereas the 
abundance of cable bacteria and Beggiatoaceae was performed with fluorescence in situ hybridization 
(FISH). General bacterial diversity was assessed by 16S rRNA gene amplicon sequencing and the analysis 
of phospholipid derived fatty acids (PLFA). PLFA analysis combined with 13C stable isotope probing 
(PLFA-SIP) provided the activity and community composition of chemolithoautotrophs in the sediment. 
This approach was complemented by the analysis of genes involved in dark CO2 fixation, i.e., characterizing 
diversity and the abundance of the genes cbbL and aclB that code for key enzymes in Calvin-Benson 
Bassham (CBB) and reductive tricarboxylic acid (rTCA) carbon fixation pathways. This multidisciplinary 
research showed strong temporal and spatial shifts of the chemolithoautotrophic composition and activity in 
relation to the seasonal hypoxia and the main sulfur oxidation mechanisms present in the sediments of the 
marine Lake Grevelingen. 
MATERIAL AND METHODS 
Study site and sediment sampling  
Lake Grevelingen is a former estuary located within the Rhine-Meuse-Scheldt delta area of the 
Netherlands, which became a closed saline reservoir (salinity ~30) by dam construction at both the land side 
and sea side in the early 1970s. Due to an absence of tides and strong currents, Lake Grevelingen 
experiences a seasonal stratification of the water column, which in turn, leads to a gradual depletion of the 
oxygen in the bottom waters (17). Bottom water oxygen at the deepest stations typically starts to decline in 
April, reaches hypoxic conditions by end of May (O2 < 63 µM), further decreasing to anoxia in August (O2 
<0.1 µM), while the re-oxygenation of the bottom water takes place in September (14).  
To study the effects of the bottom water oxygenation on the benthic chemolithoautotrophic community 
we performed a field sampling campaign on March 13th, 2012 (before the start of the annual O2 depletion) 
and August 20th, 2012 (at the height of the annual O2 depletion). Detailed water column, pore water and 
solid sediment chemistry of Lake Grevelingen over the year 2012 have been previously reported (14; 17, 
18). Sediments were recovered at three stations along a depth gradient within the Den Osse basin, one of the 
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deeper basins in Marine Lake Grevelingen: Station 1 (S1) was located in the deepest point (34 m) of the 
basin (51.747°N, 3.890°E), Station 2 (S2) at 23 m depth (51.749°N, 3.897°E) and Station 3 (S3) at 17 m 
depth (51.747°N, 3.898°E). Intact sediment cores were retrieved with a single core gravity corer (UWITEC) 
using PVC core liners (6 cm inner diameter, 60 cm length). All cores were inspected upon retrieval and only 
cores with a visually undisturbed surface were used for further analysis.  
Thirteen sediment cores for microbial analysis were collected per station and per time point: two cores 
for phospholipid-derived fatty acid analysis combined with stable isotope probing (PLFA-SIP), two cores 
for nucleic acid analysis, four cores for 13C-bicarbonate labeling, three cores for microelectrode profiling, 
one core for quantification of cable bacteria (see supplement), and one core for quantification of 
Beggiatoaceae (see supplement). Sediment cores for PLFA extractions were sliced manually on board the 
ship (5 sediment layers; sectioning at 0.5, 1, 2, 4, and 6 cm depth). Sediment slices were collected in Petri 
dishes, and replicate depths were pooled and thoroughly mixed. Homogenized sediments were immediately 
transferred to centrifuge tubes (50 ml) and placed in dry ice until further analysis. Surface sediments in 
August consisted of a highly porous “fluffy” layer that was first left to settle after core retrieval. Afterwards, 
the top 1 cm thick layer was recovered through suction (rather than slicing). Sediment for nucleic acid 
analysis was collected by slicing manually at a resolution of 1 cm up to 5 cm depth. Sediment samples were 
frozen in dry ice, transported to the laboratory within a few hour and placed at −80°C until further analysis.  
Microsensor profiling  
Oxygen depth profiles were recorded with commercial microelectrodes (Unisense, Denmark; tip size: 
50 µm) at 25−50 µm resolution. For H2S and pH (tip size: 50 and 200 µm), depth profiles were recorded at 
200 µm resolution in the oxic zone, and at 400 or 600 µm depth resolution below. Calibrations for O2, pH 
and H2S were performed as previously described (14; 19). ΣH2S was calculated from H2S based on pH 
measured at the same depth using the R package AquaEnv (20). The oxygen penetration depth (OPD) is 
operationally defined as the depth below which [O2] < 1 µM, while the sulfide appearance depth (SAD) is 
operationally defined as the depth below which [H2S] > 1 µM. The diffusive oxygen uptake (DOU) was 
calculated from the oxygen depth profiles as previously described in detail (15).  
DNA extraction and 16S rRNA gene amplicon sequencing  
DNA from 0 cm to 5 cm sediment depth (in 1 cm resolution) was extracted using the DNA PowerSoil® 
Total Isolation Kit (Mo Bio Laboratories, Inc., Carlsbad, CA). Nucleic acid concentrations were quantified 
spectrophotometrically (Nanodrop, Thermo Scientific, Wilmington, DE) and checked by agarose gel 
electrophoresis for integrity. DNA extracts were kept frozen at –80°C.  
Sequencing of 16S rRNA gene amplicons was performed on the first cm of the sediment (0–1 cm depth) 
in all stations in March and August as described before (21). Further details are provided in the SI. The 16S 
rRNA gene amplicon reads (raw data) have been deposited in the NCBI Sequence Read Archive (SRA) 
under BioProject number PRJNA293286. The phylogenetic affiliation of the 16S rRNA gene sequences was 
compared to release 119 of the SILVA NR SSU Ref database (http://www. arb-silva.de/; 22) using the ARB 
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software package (23). Sequences were added to a reference tree generated from the Silva database using the 
ARB Parsimony tool.  
Sediment incubations and PLFA-SIP analysis  
Sediment cores were labeled with 13C-bicarbonate to determine the chemolithoautotrophic activity and 
associated bacterial community by tracing the incorporation of 13C into bacterial PLFA. To this end, four 
intact cores were sub-cored with smaller core liners (4.5 cm inner diameter; 20 cm height). In situ bottom 
water was kept over the sediment and no gas headspace was present. Cores were kept inside a closed cooling 
box during transport to the laboratory.  
Stock solutions of 80 mM of 13C-bicarbonate (99% 13C; Cambridge Isotope Laboratories, Andover, Ma, 
USA) were prepared as previously described (11). 13C-bicarbonate was added to the sediment from 3 cm 
above the surface to 8 cm deep in the sediment cores in aliquots of 100 μl through vertically aligned side 
ports (0.5 cm apart) with the line injection method (24). March sediments were incubated at 17±1°C in the 
dark for 24 h and continuously aerated with 13C-saturated air to maintain 100% saturated O2 conditions as 
those found in situ, but avoiding the stripping of labeled CO2 from the overlying water (15). In August, 
sediments were incubated at 17±1°C in the dark for 40 h to ensure sufficient labeling as a lower activity was 
expected under low oxygen concentrations. In August, oxygen concentrations in the overlying water were 
maintained near in situ O2 levels measured in the bottom water (S1: 0−4% saturation, S2: 20−26%, S3: 
35−80%). A detailed description of aeriation procedures can be found in the SI.  
At the end of the incubation period, sediment cores were sliced in five depth intervals (as described for 
PLFA sediment cores sliced on board) thus obtaining two replicate slices per sediment depth and per station. 
Sediment layers were collected in centrifuge tubes (50 ml) and wet volume and weight were noted. Pore 
water was obtained by centrifugation (4500 rpm for 5 min) for dissolved inorganic carbon (DIC) analysis, 
and sediments were lyophilized for PLFA analysis. Biomarker extractions were performed on freeze dried 
sediment as described before (25) and 13C-incorporation into PLFA was analyzed as previously reported 
(11). Nomenclature of PLFA can be found in the SI. Detailed description of the PLFA calculations can be 
found in the literature (15; 26). Total dark CO2 fixation rates (mmol C m
-2 d-1) are the depth-integrated rates 
obtained from the 0−6 cm sediment interval.  
Quantitative PCR  
To determine the abundance of chemolithoautotrophs we quantified the genes coding for two enzymes 
involved in dark CO2 fixation pathways: the large subunit of the RubisCO enzyme (ribulose 1,5-
bisphosphate carboxylase/oxygenase) cbbL gene, and the ATP citrate lyase aclB gene. Abundance of the 
RubisCO cbbL gene was estimated by using primers K2f/V2r, specific for the forms IA and IC of the 
RuBisCO form I large subunit gene cbbL which is present in obligately and facultatively lithotrophic 
bacteria (27, 28). The abundance of ATP citrate lyase aclB gene was quantified by using the primer set 
aclB_F/aclB_R, which is based on the primers 892F/1204R (29), specific for the ATP citrate lyase β gene of 
chemoautotrophic bacteria using the rTCA pathway, with several nucleotide differences introduced after 
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aligning n = 100 sequences of aclB gene fragments affiliated to Epsilonproteobacteria (See Table S1 for 
details). 
The quantification of cbbL and aclB genes via quantitative PCR (qPCR) was performed in 1 cm 
resolution for the sediment interval between 0–5 cm depth in all stations in both March and August. qPCR 
analyses were performed on a Biorad CFX96TM Real-Time System/C1000 Thermal cycler equipped with 
CFX ManagerTM Software. All qPCR reactions were performed in triplicate with standard curves from 100 
to 107 molecules per microliter. Standard curves and qPCR reactions were performed as previously 
described (30). Melting temperatures (Tm) are listed in Table S1, qPCR efficiencies (E) for aclB gene and 
cbbL gene amplifications were 70 and 82%, respectively. Correlation coefficients for standard curves were ≥ 
0.994 for aclB gene and ≥0.988 for cbbL gene amplification.  
PCR amplification and cloning  
Amplifications of the RubisCO cbbL gene and the ATP citrate lyase aclB gene were performed with the 
primer pairs specified in Table S1. The PCR reaction mixture was the following (final concentration): Q-
solution (PCR additive, Qiagen, Valencia, CA) 1×; PCR buffer 1×; BSA (200 µg ml-1); dNTPs (20 µM); 
primers (0.2 pmol µl-1); MgCl2 (1.5 mM); 1.25 U Taq polymerase (Qiagen, Valencia, CA). PCR conditions 
for these amplifications were the following: 95C, 5 min; 35 × [95C, 1 min; Tm, 1 min; 72C, 1 min]; final 
extension 72C, 5 min. PCR products were gel purified (QIAquick gel purification kit, Qiagen, Valencia, 
CA) and cloned in the TOPO-TA cloning® kit (Life Technologies, Carlsbad, CA) and transformed in E. coli 
TOP10 cells following the manufacturer’s recommendations. Recombinant plasmid DNA was sequenced 
using M13R primer by BASECLEAR (Leiden, The Netherlands).  
Sequences were aligned with MEGA5 software (31) by using the alignment method ClustalW. The 
phylogenetic trees of the cbbL and aclB genes were computed with the Neighbour-Joining method (32). The 
evolutionary distances were estimated using the Jukes-Cantor method (33) for DNA sequences and with the 
Poisson correction method for protein sequences (34) with a bootstrap test of 1,000 replicates. Sequences 
were deposited in NCBI with the following accession numbers: KT328918–KT328956 for cbbL gene 
sequences and KT328957–KT329097 for aclB gene sequences.  
Further details on experimental procedures and methods are found in the Supplementary Information.  
RESULTS  
Geochemical characterization  
The seasonal variation of the bottom water oxygen concentration in Lake Grevelingen strongly 
influenced the porewater concentrations of O2 and H2S. In March, bottom waters were fully oxygenated at 
all stations (299–307 μmol L-1), oxygen penetrated 1.8–2.6 mm deep in the sediment, and no free sulfide 
was recorded in the first few centimeters (Table 1). The width of the suboxic zone, operationally defined as 
the sediment layer located between the oxygen penetration depth (OPD) and the sulfide appearance depth 
(SAD), varied between 16–39 mm across the three stations in March 2012. In contrast, in August, oxygen 
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was strongly depleted in the bottom waters at S1 (<0.1 μmol L-1) and S2 (11 μmol L-1), and no O2 could be 
confidently detected by microsensor profiling in the surface sediment at these two stations. At station S3, the 
bottom water O2 remained higher (88 μmol L-1), and oxygen penetrated down to 1.1 mm. In August, free 
sulfide was present near the sediment-water interface at all three stations, and the accumulation of sulfide in 
the pore water increased with water depth (Fig. 1a). Depth pH profiles showed much larger variation 
between stations in March compared to August (Fig. 1a). The pH profiles in S1 and S3 in March were 
similarly characterized by highest values in the oxic zone and low pH values (pH < 6.5) in the suboxic zone. 
The pH depth profile in S2 showed an inverse pH profile with a pH minimum in the oxic layer and a 
subsurface maximum below. The pH profiles at S1 and S3 in August 2012 showed a gradual decline of pH 
with depth, while the pH profile at S2 in August was more or less constant with depth.  
Bacterial diversity by 16S rRNA gene amplicon sequencing 
The general diversity of bacteria was assessed by 16S rRNA gene amplicon sequencing analysis, which 
was applied to the surface sediments (0−1 cm) of all stations in both March and August. Approximately 
50% of the reads were assigned to three main clades: Gamma-, Delta-, and Epsilonproteobacteria (Fig. 2). 
The remaining reads were distributed amongst the orders Bacteroidetes (14%), Planctomycetes (6%), 
Alphaproteobacteria (3%), other orders (20%), the candidate phylum WS3 (2%) and unassigned (5%) (given 
as the average of the three stations and both seasons).  
Reads classified within the Gammaproteobacteria were more abundant in March during oxygenated 
bottom water conditions than in August (Fig. 2). The majority of these reads were assigned to the orders 
Alteromonadales, Chromatiales and Thiotrichales. The first order includes chemoheterotrophic bacteria that 
are either strict aerobes or facultative anaerobes (35). Phylogenetic comparison revealed that the reads 
assigned to the Chromatiales group were closely related to the Granulosicoccaceae, Ectothiorhodospiraceae, 
and Chromatiaceae families (Fig. S1). Reads falling in the Thiotrichales group were closely related to sulfur-
oxidizing bacteria from the Thiotrichaceae family with 30% of the sequences related to the genera 
‘Candidatus Isobeggiatoa’, ‘Ca. Parabeggiatoa’ and Thiomargarita (Fig. S2). It has been recently proposed 
that the genera Beggiatoa, Thiomargarita and Thioploca should be reclassified into the originally published 
monophyletic family of Beggiatoaceae (36, 37), and so here, these genera will be further referred to as 
Beggiatoaceae. Most of the reads assigned to the Beggiatoaceae came from station S2 in spring, whereas the 
percentage of reads assigned to sulfur oxidizers from the order Thiotrichales decreased in August when 
oxygen concentrations in the bottom water were low.  
Within the Deltaproteobacteria, reads were assigned to the orders Desulfarculales and Desulfobacterales 
(Fig. S3). Reads within the order of Desulfobacterales were mainly assigned to the families 
Desulfobacteraceae (between 10−20%) and Desulfobulbaceae (~5%) (Fig. 2). Additional phylogenetic 
comparison revealed that within the Desulfobulbaceae, 60% of reads, obtained from the three stations in 
both seasons, clustered within the genus Desulfobulbus, of which 30% were related to the electrogenic 
sulfur-oxidizing cable bacteria (Fig. S4). Overall, the relative abundance of reads assigned to the 
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Desulfobulbaceae family was similar between the two seasons in S2 and S3, whereas in S1 the percentage of 
reads was approximately 4.5-fold higher in March compared to August (Fig. 2). In contrast, the relative 
abundance of reads assigned to the Desulfarculales and Desulfobacteraceae increased in August during 
hypoxia (Fig. 2), and phylogenetic comparison revealed typical sulfate reducer genera Desulfococcus, 
Desulfosarcina, and Desulfobacterium, indicative of anaerobic metabolism (Fig. S5a–c).  
All Epsilonproteobacteria reads were assigned to the order Campylobacterales, such as the 
Campylobacteraceae and Helicobacteraceae families. Phylogenetic comparison showed that the reads were 
closely related to the genera Sulfurovum, Sulfurimonas, Sulfurospirillum, Arcobacter (Fig. S6a–d), all 
capable of sulfur oxidation with oxygen or nitrate (38). The percentage of reads assigned to the 
Epsilonproteobacteria in August was lower than those in March, with highest numbers present in S2 in 
March (~6%), (Fig. 2). 
Bacterial community structure by phospholipid derived fatty acid analysis  
The relative concentrations of phospholipid derived fatty acid (PLFA) were determined to a depth of 6 
cm and were analyzed by principal component analysis (PCA) to determine differences in bacterial 
community structure (Fig. 3). A total of 22 individual PLFA, each contributing more than 0.1% to the total 
PLFA biomass, were included in this analysis. Samples with low total PLFA biomass (less than one standard 
deviation below the mean of all samples) were excluded. The PCA analysis indicated that 73% of the 
variation within the dataset was explained by the first two principal components (PC). While PC1 correlated 
with sediment depth (particularly for the March samples), PC2 clearly exposed differences in the bacterial 
community structure between seasons (Fig. 3a). Surface sediments (0–1 cm) were characterized by high 
relative concentrations of C16 and C18 monounsaturated PLFA. In contrast, ai15:0, i17:1ω7c, and 
10Me16:0 were more abundant in deeper sediments (Fig. S7a). The surface sediment showed an increased 
contribution of iso, anteiso and branched PLFAs in August relative to March, and this was more similar to 
the deeper sediments from March (Fig. 3a). Nonetheless, August sediments also showed a higher abundance 
of 16:0, 14:0, and 18:1ω9c compared to the deeper sediment layers in March (Fig. S7a).  
Chemolithoautotrophic activity and community by 13C-phospholipid fatty acids analysis 
Incorporation of 13C-labeled dissolved inorganic carbon was found in bacterial PLFAs after 24 to 40 
hours of incubation (Fig. S7b). Depth integrated dark CO2 fixation rates based on 
13C-incorporation (Table 
1) showed a significant difference between seasons and stations (p=0.0005). In March, 
chemolithoautotrophy increased with water depth, while in August, the opposite trend was observed. The 
dark CO2 fixation rate in March for S1 was the highest across all seasons and stations, but dropped by one 
order of magnitude in August. In contrast, at the intermediate station (S2), the dark CO2 fixation rate was 
only two times higher in March compared to August, while in the shallowest station (S3) the depth 
integrated rates were not significantly different between seasons (p=0.56).  
The depth distribution of the chemolithoautotrophic activity also differed between seasons (p=0.02; Fig. 
1b). In August, the chemolithoautotrophic activity was restricted to the upper cm of the sediment at all 
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stations while in March, chemolithoautotrophic activity was measured deep into the sediment (up to 4 cm). 
In stations S1 and S3 during March, the activity depth profile showed high activities down to 4 cm, whereas 
at S2 chemolithoautotrophy only extended down to 2 cm with highest activity in the top 1 cm. This 
distinction between the depth distributions of chemolithoautotrophy at S2 versus S1/S3 in March correlated 
with the distinct pH profiles observed for S2 versus S1/S3 (Fig. 1c). 
The PLFA 13C-fingerprints were analyzed by PCA to identify differences in chemolithoautotrophic 
community. Only PLFA that contributed more than 0.1% to the total 13C-incorporation and sediment layers 
that showed chemolithoautotrophy rates higher than 0.01 μmol C cm-3 d-1 were taken into account in this 
analysis. Because chemolithoautotrophy rates were low in August, the PCA analysis mainly analyzed the 
chemolithoautotrophic communities in March (Fig. 3b). Within the dataset, 64% of the variation was 
explained by two principal components. PC1 revealed a clear differentiation between station S2, and stations 
S1 and S3 (Fig. 3b) in agreement with the distinct pH profiles described for March (Fig. 1a). S2 sediment 
horizons showed a higher contribution of monounsaturated C16 and C18 fatty acids, whereas sediments 
from S1 and S3 revealed an increased 13C-incorporation into fatty acids with iso and anteiso C15 and 
saturated C14 PLFA (Fig. S7c), together these results indicate distinct chemolithoautotrophic microbial 
assemblages between S2 and S1/S3. On the contrary, the three sediment samples from August (that had 
sufficient 13C-incorporation for the analysis) did not cluster in the PCA analysis and exhibited divergent 
PLFA profiles, thus the chemolithoautotrophic bacterial community for August could not be characterized 
further based on PLFA analysis.  
Chemolithoautotrophic carbon fixation pathways  
Various CO2 fixation pathways are used by autotrophic bacteria (for detailed reviews see 39, 40). The 
CBB pathway is utilized by cyanobacteria and many aerobic or facultative aerobic proteobacteria of the 
alpha, beta and gamma subgroups whereas the rTCA pathway operates in anaerobic or microaerobic 
members of phyla such as Chlorobi, Aquificae, proteobacteria of the delta and epsilon subgroups and 
Nitrospirae (39). The spatial and temporal distribution of bacteria possessing these two autotrophic carbon 
fixation pathways was studied by quantifying the abundance of cbbL gene (CBB pathway) (28) and aclB 
gene (rTCA pathway) (38, modified in this study) by quantitative PCR down to 5 cm sediment depth (Fig. 
4).The diversity of cbbL and aclB gene sequences obtained from the surface sediments (0–1cm) was 
analyzed (Fig. 5). 
Significant differences were found in the abundance of cbbL and aclB genes (p = 5.7 × 10-7) and 
between season (p=0.002), but not between stations (Fig. 4). The abundance of the cbbL gene copies was at 
least 2-fold higher than that of the aclB gene in March and August in all stations (p = 5×10-5). In March, the 
depth profiles of cbbL gene showed a similar trend in stations S1 and S3 with a decreasing gene abundance 
from the surface towards deeper layers, but depth integrated abundance of the cbbL gene was more than 
two-fold higher in S1 than in S3 (Fig. 4a). The depth distribution of the cbbL gene in the deepest station (S1) 
differed between seasons (p=0.004), with lower gene copy abundances in the top 4 cm in August (Fig. 4a). 
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In contrast, in the shallow station (S3), which experiences less seasonal fluctuations in bottom water O2, the 
cbbL gene copy number did not differ significantly between seasons (p=0.4), except for a sharp decrease in 
the top cm of the sediment. In station S2, abundance and depth distribution of cbbL gene copies was similar 
between the two seasons (p=0.3). All detected cbbL gene sequences clustered with uncultured 
Gammaproteobacteria clones, assigned to the orders Chromatiales and Thiotrichales (both cbbL1 and cbbL2 
clusters) reported in intertidal sediment from Lowes Cove, Maine (28).  
The abundance of the aclB gene significantly differed between months (p=0.0004) and stations 
(p=0.04). Similar depth profiles of the aclB gene were detected in stations S1 and S3, with subsurface 
maxima in deeper sediments (at 3–4 cm and 2–3 cm deep for S1 and S3 respectively, Fig. 4b). Station S2 
showed the highest aclB gene abundance in March, which remained constant with sediment depth (p=0.86). 
In August, aclB gene abundance decreased substantially in S2 (p<0.001). All stations showed a uniform 
distribution of the aclB gene abundance with depth in August. Bacterial aclB gene sequences in surface 
sediments (0−1 cm) of all stations were predominantly related to aclB sequences of Epsilonproteobacteria 
(Fig. 5b). Within the Epsilonproteobacteria, sequences clustered in six different subclusters and were mainly 
affiliated to bacteria in the order of Campylobacterales, i.e., to the genera Sulfuricurvum, Sulfurimonas, 
Thiovulum, Arcobacter, and macrofaunal endosymbionts. As observed for the cbbL gene, no clustering of 
sequences was observed according to station or season (Fig. 5b).  
Quantification of cable bacteria and filamentous Beggiatoaceae  
We performed a detailed microscopy-based quantification of the biovolume of sulfur oxidizing cable 
bacteria and filamentous Beggiatoaceae because both groups have been reported to govern the sediment 
geochemistry and sulfur cycling in sediments of Lake Grevelingen (14), and thus are likely to influence the 
chemolithoautotrophic community. Biovolume data of both filamentous bacteria for S1 have been reported 
before (14) whereas data for S2 and S3 are novel results from the 2012 campaign. In March, high 
biovolumes of cable bacteria were detected in S1 and S3 (Table 1) with filaments present throughout the 
suboxic zone until a maximum depth of 4 cm (Fig. 1c). At the same time, cable bacteria were absent in S2 
(Fig. 1c). In August, cable bacteria were only detected between 1 and 2 cm deep at the deepest station (S1), 
albeit at abundances that were close to the detection limit of the technique. Beggiatoaceae were found in all 
three stations in March, although the biovolume at S2 was one order of magnitude higher than in the other 
two stations (Table 1). In station S2, Beggiatoaceae were uniformly distributed up to the sulfide appearance 
depth (Fig. 1c). In August, Beggiatoaceae were no longer detectable in stations S1 and S3 (Table 1), while at 
S2, filaments were no longer found in deeper sediment, but formed a thick mat at the sediment-water 
interface (Fig. 1c).  
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DISCUSSION 
Temporal shifts of chemolithoautotrophy and the associated bacterial assemblages  
Together, our geochemical and microbiological characterization of the sediments of Lake Grevelingen 
indicates that the availability of electron acceptors (O2, NO3
-) constitutes the main environmental factor 
controlling the activity of the chemolithoautotrophic bacterial community. In the deeper basins of Lake 
Grevelingen (below water depth of 15 m), the electron acceptor availability changes on a seasonal basis due 
to the establishment of summer hypoxia (14; 18). In March, when high oxygen levels are found in the 
bottom waters, the chemolithoautotrophy rates were substantially higher than in August when oxygen in the 
bottom water was depleted to low levels (Fig. 1b; Table 1). Moreover in August, the chemolithoautotrophy 
rates showed a clear decrease with water depth (from S3 to S1) in line with the decrease of the bottom water 
oxygen concentration over depth.  
The 16S rRNA gene amplicon sequencing analysis in our study reveals that the response of the 
chemolithoautotrophic bacterial community in the surface sediments of Lake Grevelingen is associated with 
the seasonal changes in bottom water oxygen (Fig. 2). Generally, Lake Grevelingen surface sediments 
harbor a distinct microbial community compared to other surface sediments such as coastal marine (North 
Sea), estuarine and Black Sea sediments (8, 9; 12) studied by 16S rRNA gene amplicon sequencing analysis. 
In March, with oxic bottom waters, the microbial community in the top centimeter of the sediment at all 
three stations was characterized by high abundances of Epsilon- and Gammaproteobacteria, which are 
known chemolithoautotrophic sulfur-oxidizers (e.g. capable of oxidizing sulfide, thiosulfate, elemental 
sulfur and polythionates) using oxygen or nitrate as electron acceptor (38; 41−43). In August, the lack of 
electron acceptors (O2, NO3
-) in the bottom water was accompanied by a decrease in the relative abundance 
of these Gammaproteobacteria and Epsilonproteobacteria. At the same time, the numbers of reads related to 
the Desulfobacteraceae family increased in the top centimeter of the sediment, and a shift in the microbial 
community structure towards sulfate reducing bacteria related to the genera Desulfococcus and 
Desulfosarcina was evident. In coastal sediments, these genera are characteristic in deeper sediment layers 
experiencing anaerobic mineralization (44−46), and thus, they are not unexpected in surface sediments 
during strongly hypoxic (S2) and anoxic (S1) conditions encountered in August. Shifts in PLFA patterns are 
in agreement with the temporal difference in the bacterial community (Fig. 3a), with more PLFAs found in 
Gammaproteobacteria and Epsilonproteobacteria in March (i.e., 16:1ω7c and 18:1 ω7c; 47) as opposed to 
more PLFAs found in sulfate reducing bacteria in the Deltaproteobacteria in August (i.e., ai15:0, i17:1ω7c, 
10Me16:0; 26; 48, 49). However, sediments below the OPD in March have PLFA patterns that are more 
similar to those of surface sediments in August, in agreement with the observation that anaerobic 
metabolism such as sulfate reduction prevail in deeper anoxic sediments also in March.  
Spring: Activity and diversity of chemolithoautotrophic bacteria 
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Although the availability of soluble electron acceptors (O2, NO3
-) in the bottom water is important, our 
data show that it cannot be the only structuring factor of the chemolithoautotrophic communities. In March 
2012, all the three stations examined experienced similar bottom water O2 and NO3
- concentrations (Table 
1), but still substantial differences were observed in the composition of the chemolithoautotrophic 
communities as determined by PLFA-SIP (Fig. 3b), as well as in the depth distribution of the 
chemolithoautotrophy rates in the sediment (Fig. 1b). We attribute these differences to the presence of 
specific sulfur oxidation mechanisms that are active in the sediments of Lake Grevelingen (14). In March 
2012, based on FISH counts and microsensor profiles two separate sulfur oxidation regimes were active at 
the sites investigated: sites S1 and S3 were impacted by electrogenic sulfur oxidation by cable bacteria, 
while site S2 was dominated by sulfur oxidation via nitrate-storing, filamentous Beggiatoaceae. Each of 
these two regimes is characterized by a specific sulfur-oxidizing microbial community and a particular depth 
distribution of the chemolithoautotrophy. We now discuss these two regimes separately in more detail.  
Electrogenic sulfur oxidation 
In March, stations S1 and S3 (Fig. 1a) showed the geochemical fingerprint of electrogenic sulfur 
oxidation (e-SOx) consisting of a centimeter-wide suboxic zone that is characterized by acidic pore waters 
(pH < 7) (50, 51). Electrogenic sulfur oxidation is attributed to the metabolic activity of cable bacteria (52), 
which are long filamentous bacteria related to the sulfate reducing genus Desulfobulbus that extend 
centimeters deep into the sediment (53). The observed depth-distribution of cable bacteria at S1 and S3 (Fig. 
1c) was congruent with the geochemical fingerprint of e-SOx. Cable bacteria couple the oxidation of sulfide 
in deeper layers to the reduction of oxygen near the sediment-water interface, by channeling electron along 
their longitudinal axis (long-distance electron transport). Note that stations S1 and S3 also contained some 
Beggiatoaceae. However, they attained low biovolumes and were only found at certain depths, suggesting 
that they did not play a significant role in sulfur oxidation.  
When e-SOx was present in the sediment (sites S1 and S3 in March), the chemolithoautotrophic activity 
penetrated deeply into the sediment and was evenly distributed throughout the suboxic zone (Fig. 1b). These 
field observations confirm previous laboratory incubations in which cable bacteria were induced under oxic 
conditions in homogenized sediments, and a highly similar depth pattern of deep chemolithoautotrophy was 
noted (15). This deep dark CO2 fixation is unexpected in two ways. Firstly, cable bacteria are likely not 
responsible for the deep CO2 fixation although they do perform sulfur oxidation, as cable bacteria from Lake 
Grevelingen have been shown to incorporate organic carbon rather than inorganic carbon (15). Secondly, 
chemolithoautotrophy is generally dependent on reoxidation reactions, but there is no transport of oxygen or 
nitrate to centimeters depth in these cohesive sediments, and so the question is: how can 
chemolithoautotrophic reoxidation occur in the absence of suitable electron acceptors?  
To reconcile these observations, it was proposed that in incubated electro-active sediments from Lake 
Grevelingen, heterotrophic cable bacteria can form a sulfur-oxidizing consortium with 
chemolithoautotrophic Gamma- and Epsilonproteobacteria throughout the suboxic zone (15). The results 
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obtained in our study provide various lines of evidence that support the existence of such a consortium in 
intact sediment cores. The PLFA-SIP patterns in S1 and S3 (Fig. 3b) showed major 13C-incorporation in 
PLFA which are present in sulfur-oxidizing Gamma- and Epsilonproteobacteria (42; 54, 55, 56), and this 
occurred throughout the top 5 cm of the sediment corresponding to the zone of e-SOx activity. In addition, 
the depth profiles of genes involved in dark CO2 fixation (Fig. 4) revealed chemolithoautotrophic 
Gammaproteobacteria using the CBB cycle as well as Epsilonproteobacteria using the rTCA cycle, which 
confirms the potential dark CO2 fixation by both bacterial groups deep in the sediment. The higher 
abundance of cbbL genes in S1 compared to S3 indicates a greater chemolithoautotrophic potential of 
Gammaproteobacteria, which may explain the two-fold higher total chemolithoautotrophy rate encountered 
in S1. Moreover, the peak in aclB gene abundance found in deeper sediment suggests that 
Epsilonproteobacteria could play an important role in sulfur oxidation in the deeper suboxic zone in both 
stations. Clearly, a consortium could sustain the high rates of chemolithoautotrophy throughout the suboxic 
zone. It has been speculated that chemolithoautotrophs use the cable bacteria as an electron sink in the 
absence of an electron acceptor like O2 or NO3
- in centimeter deep sediments (15). However the question 
still remains as to how the Gamma- and Epsilonproteobacteria are metabolically linked to the cable bacteria 
(Fig. 6).  
In March, stations S1 and S3 also showed a higher contribution of fatty acids occurring in the sulfate 
reducing Deltaproteobacteria (11; 48; 57) compared to the PLFA-SIP profiles in station S2 (Fig. 3b). 
Deltaproteobacteria such as Desulfobacterium autotrophicum and Desulfocapsa sp., as identified by 16S 
rRNA gene sequencing, are known to grow as chemolithoautotrophs by performing H2 oxidation or S
0-
disproportionation (58, 59; Fig. 6), and are important contributors to the chemolithoautotrophic activity in 
coastal sediments (11; 60). However, a further identification of the chemolithoautotrophic 
Deltaproteobacteria through the functional genes related to carbon fixation pathways was not performed in 
this study. Although it is known that autotrophic Deltaproteobacteria mainly use the reverse TCA cycle or 
the reductive acetyl-CoA pathway (40), further development of the functional gene approach, by designing 
specific primers is necessary to determine and clarify the diversity of Deltaproteobacteria involved in the 
chemolithoautotrophic activity.  
Overall, we hypothesize that such a diverse assemblage of chemolithoautotrophic bacteria in the 
presence of cable bacteria is indicative of a complex niche partitioning between these sulfur-oxidizers 
(Gamma-, Epsilon-, and Deltaproteobacteria). In sulfidic marine sediments found in tidal and deep sea 
habitats, complex S0 niche partitioning have been proposed where uncultured sulfur-oxidizing 
Gammaproteobacteria mainly thrive on free sulfide, the epsilonproteobacterial Sulfurimonas/Sulfurovum 
group oxidizes elemental sulfur, and members of the deltaproteobacterial Desulfobulbaceae family may 
perform S0-disproportionation (61).  
Nitrate-storing filamentous Beggiatoaceae  
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Nitrate-storing filamentous Beggiatoaceae glide through the sediment transporting their electron 
acceptor (intracellular vacuoles filled with high concentrations of NO3
-) into deeper sediment and electron 
donor (intracellular granules of elemental sulfur) up to the surface, and in doing so, they oxidize free sulfide 
to sulfate in a two-step process that creates a wide suboxic zone (14; 62, 63; Fig. 6). In March, the 
microsensor depth profiles at S2 (Fig. 1a) revealed a cm-thick suboxic zone with a subsurface pH minimum 
at the OPD followed by a pH maximum at SAD, which is the characteristic geochemical fingerprint of sulfur 
oxidation by nitrate-storing Beggiatoaceae (14; 63). At the same time, microscopy revealed high biovolumes 
of Beggiatoaceae that were uniformly distributed throughout the suboxic zone (Fig. 1c), and more than half 
the filaments found were thicker than 15 μm indicating potential nitrate storage. Together these results 
corroborate the indications of the dominant sulfur-oxidation mechanism suggested by the geochemical 
fingerprint.  
The chemolithoautotrophy depth profile at S2 in March (Fig. 1b) recorded higher activities in the top 1 
cm and chemolithoautotrophic activity penetrated down only to 2 cm (at the sulfide appearance depth). The 
similar depth distribution of Beggiatoaceae and chemolithoautotrophic activity suggests that dark CO2 
fixation was primarily carried out by the nitrate-storing Beggiatoaceae. Beggiatoaceae can indeed grow as 
obligate or facultative chemolithoautotrophs depending on the strain (64). The PLFA-SIP analysis further 
supported chemolithoautotrophy by Beggiatoaceae as the PLFA patterns obtained at S2 resembled those of 
Beggiatoa mats encountered in sediments associated with gas hydrates (56).  
However, the CO2 fixation by Beggiatoaceae could be complemented by the activity of other 
chemolithoautotrophs. Beggiatoaceae have previously been reported to co-occur with chemolithoautotrophic 
nitrate-reducing and sulfur-oxidizing Epsilonproteobacteria (Sulfurovum and Sulfurimonas) in the deep sea 
Guyamas basin (65). Interestingly, station S2 in March showed the highest abundance of aclB gene copies of 
all stations and seasons (Fig. 4b), and in addition, had the highest relative percentage of 16S rRNA gene 
read sequences assigned to the Epsilonproteobacteria (Fig. 2). Therefore, the dark CO2 fixation at station S2 
is likely caused by both the motile, vacuolated Beggiatoaceae as well as the sulfur-oxidizing 
Epsilonproteobacteria. Yet, as was the case of the cable bacteria above, the metabolic link between 
Beggiatoaceae and the Epsilonproteobacteria remains currently unknown. However, it seems possible that 
internally stored NO3
- is released into the sediment once Beggiatoa filaments lyse, allowing sulfur-oxidation 
with NO3
- by Epsilonproteobacteria.  
Summer: Activity and diversity of chemolithoautotrophic bacteria  
In August, when the O2 levels in the bottom water decreased substantially, a third geochemical regime 
was observed at all stations, which was different from the regimes associated with cable bacteria or nitrate-
storing Beggiatoaceae. The microsensor profiling revealed an upward diffusive transport of free sulfide to 
the top millimeters of the sediment, which was produced in deeper sediment horizons through sulfate 
reduction (Fig. 1a). The uniform decrease in pH with depth is consistent with sediments dominated by 
sulfate reduction (51). As noted above, the chemolithoautotrophy rates strongly decreased compared to 
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March and were restricted to the very top of the sediment. Chemolithoautotrophic activity showed a close 
relation with the bottom water oxygen concentration. The number of gene copies of the two carbon fixation 
pathways investigated (CBB and rTCA) also decreased under hypoxic conditions (Fig. 4), suggesting a 
strong dependence of subsurface chemolithoautotrophy on the availability of oxygen in bottom waters.  
The highest chemolithoautotrophy rate was recorded at the shallower station (S3), which was the only 
station in August where O2 was found to diffusive into the sediment (Table 1), thus supporting aerobic sulfur 
oxidation at a shallow oxic-sulfidic interface in the sediment (51). Several studies have shown that 
chemolithoautotrophy ceases in the absence of oxygen in the overlying water column (15; 45; 60). Such full 
anoxia occurred in the deepest station (S1), but still limited chemolithoautotrophic activity was recorded in 
the top layer of the sediment. A possible explanation is that some residual aerobic sulfur oxidizing bacteria 
were supported by the very low oxygen levels. Alternatively, cable bacteria activity at S1 in spring leads to a 
buildup of iron (hydr)oxides (FeOOH) in the top of the sediments, which prevents sulfide diffusion to the 
bottom water during summer anoxia (3H2S + 2FeOOH  2FeS + S0 + 4H2O) (14). The elemental sulfur 
formed in this reaction may support chemolithoautotrophic sulfur disproportionating bacteria (58). At station 
S2, Beggiatoaceae were found forming a mat at the sediment surface in S2 (Fig. 1b) and 
chemolithoautotrophy rates were limited to this mat (Fig. 6). Beggiatoaceae can survive hypoxic periods by 
using stored nitrate as electron acceptor (66), which is thought to be a competitive advantage that leads to 
their proliferation in autumn in S1 (14). Such survival strategies may be used to produce energy for 
maintenance rather than growth under hypoxic conditions which would in combination with the low oxygen 
concentrations explain the low chemolithoautotrophy to biovolume ratio observed in S2 in August compared 
to March.  
CONCLUSION  
Coastal sediments harbor a great potential for chemolithoautotrophic activity given the high anaerobic 
mineralization, which produce a large pool of reduced sulfur in these organic rich sediments. In this study, 
two environmental factors were identified to regulate the chemolithoautotrophic activity in coastal 
sediments: seasonal hypoxia and the dominant sulfur oxidation mechanism. In sediments where oxygen, the 
main electron acceptor for chemolithoautotrophs, is depleted because of seasonal hypoxia, 
chemolithoautotrophy was strongly inhibited. In addition, it is clear that the different sulfur oxidation 
mechanism (e.g. canonical sulfur oxidation, electrogenic sulfur oxidation, or sulfur oxidation mediated by 
vacuolated Beggiatoaceae) observed in the sediment also determine the magnitude and depth distribution of 
the dark CO2 fixation, as well as the chemolithoautotrophic bacterial community structure. The seasonal 
variations in electron acceptors and potentially reduced sulfur species suggest complex niche partitioning in 
the sediment by the sulfur-oxidizing bacterial community. An in depth study on the availability of different 
sulfur species in the sediment could shed light on the sulfur preferences by the different bacterial groups. 
Likewise, the potential mechanism used to metabolically link filamentous sulfur-oxidizers and 
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chemolithoautotrophic bacteria remains presently unresolved and requires further study. These tight 
metabolic relationships may ultimately regulate the cycling of sulfur, carbon and even nitrogen in coastal 
sediments, including (but not limited to) sediments affected by seasonal hypoxia.  
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Table 1: Geochemical characterization, chemoautotrophy rates, and quantification of cable bacteria and Beggiatoaceae in the three stations in Lake Grevelingen 
for spring (March) and summer (August).  
S
ta
tio
n
  
ºC 
Bottom water*  DOU OPD  SAD 
Suboxic 
zone** pH 
signature*** 
Chemolitho-
autotrophy 
rate 
mmol C m-2 d-1 
Cable 
bacteria 
biovolume 
Beggiatoaceae 
biovolume 
μM O2  μM NO3-  mmol O2 m-2 d-1 mm mm mm 
mm3 cm-2 mm3 cm-2 
M
arch
 
1 5 299 (oxic) 28.2 18.2±1.7 1.8±0.04 17.5±0.7 16 e-SOx 3.1±0.5 2.55 0.02 
2 5 301 (oxic) 27.9 15.8±3.1 2.6±0.65 21.3±2.5 19 
Nitrate-storing 
Beggiatoaceae 
1.9±0.1 ND 0.11 
3 5 307 (oxic) 27.7 17.1±5.7 2.4±0.4 41.8±8.6 39 e-SOx 1.4±0.3 2.08 0.05 
A
u
g
u
st 
1 17 0 (anoxic) 1.7 0 0 0.9±1.1 0.9 Sulfate 
reduction/ 
canonical 
sulfur 
oxidation 
0.2±0.1 0.11 0.001 
2 17 12 (hypoxic) 11.6 0 0 0.6±0 0.6 0.8±0.3 ND 3.24 
3 19 88 (hypoxic) 10.6 13.9±2.1 1.1±0.1 4.2±2.7 3 1.1±0.5 0.003 0.004 
DOU: dissolved O2 uptake; OPD: O2 penetration depth; SAD: ∑H2S appearance depth; e-SOx: electrogenic sulfur oxidation; ND: not determined 
*Bottom water is classified as anoxic with O2 concentration below 1 uM and hypoxic below 63 uM. 
**The thickness of the suboxic zone is defined as the average SAD minus the average OPD.  
***pH signature serves to indicate the sulfur oxidizing mechanism that dominates the porewater chemistry as described by Seitaj et al. (2015)  
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Figure 1: Geochemical fingerprint, (b) chemoautotrophy depth profiles, (c) biovolume of filamentous Beggiatoaceae (black) and cable bacteria (blue) in 
sediment of Lake Grevelingen for March and August in all three stations (note change in scale for Beggiatoaceae between March and  
August). S1: station 1 (34 m), S2: station 2 (23 m), S3: station 3 (17 m). 
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Figure 2: Percentages of total bacterial 16S rRNA gene reads in stations S1 (yellow), S2 (blue) and S3 (red) 
in March (filled) and August (hatched). Classified bacterial phyla, classes and orders ˃ 3% of the total 
bacteria reads (in March or August) are reported (exception: family Thiotrichaceae ˂ 3%), *including cable 
bacteria, **including Beggiatoaceae. 
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Figure 3: Principal component analysis (PCA) of relative PLFA concentrations (a) and of 13C-incorporation into PLFA (b) in sediments from the three stations 
in March (no border) and August (black border). The percentage of variability explained by the first two principal components (PC) is indicated on each axis. 
Red: station S1, Yellow: S2, Blue S3. Symbols indicate sediment depth as seen in plot. 
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Figure 4: Abundance [copy g-1] of two carbon fixation pathway genes with sediment depth [cm] for S1 (left), S2 (middle) and S3 (right) (a) RuBisCO cbbL 
gene (b) ATP citrate lyase aclB gene (black: March, white: August).
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Figure 5A: Phylogenetic tree (amino acid-based) of cbbL gene sequences retrieved in this study and closest 
relatives. Bold: sequences of stations S1, S2 and S3 in March and August and closest known relatives. The 
scale bar indicates 2% (a) and 5% (b) sequence divergence. 
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Figure 5B: Phylogenetic tree (amino acid-based) of aclB gene sequences retrieved in this study and closest 
relatives. Bold: sequences of stations S1, S2 and S3 in March and August and closest known relatives. The 
scale bar indicates 2% (a) and 5% (b) sequence divergence. 
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Figure 6: Schematic representation of the main sulfur oxidation mechanisms by chemoautotrophic bacteria under oxic conditions in spring (left) and hypoxic 
conditions in summer (right) in marine Lake Grevelingen (single-celled and filamentous sulfur-oxidizing bacteria are shown as follows, Epsilonproteobacteria 
(yellow), Gammaproteobacteria (green), Deltaproteobacteria (red), grey arrows represent possible reoxidation processes by chemoautotrophic bacteria and the 
color of the reaction indicates the bacterial group involved, blue arrow: trajectory of filamentous Beggiatoaceae (thick green lines) from the surface to the 
sulfide horizon and back up to the surface, black arrow: long-distance electron transport by cable bacteria (red broken lines). 
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Supplementary information 
Experimental procedures  
Aeration of 13C- incubations  
To maintain the low oxygen levels found in August at S2 and S3, 30 ml of in situ overlying water was removed 
and cores were closed with rubber stoppers. Headspace was then flushed with N2 through a needle inserted between the 
core liner and the rubber stopper without disturbing the water surface. After several minutes, N2 flushing was stopped 
and 10 and 35% of the headspace was replaced with air using a syringe for S2 and S3, respectively. No air was added 
to S1 cores. All cores were gently mixed (0.2 rpm) on a shacking plate to homogenize oxygen concentration in headspace 
with those in overlying water. At the end of the experiment oxygen saturation in overlying water were verified with 
oxygen optodes (PreSens Fibox 3 LCD) obtaining anoxic conditions for S1 (0−4% air saturation), hypoxic for S2 
(20−26%) and S3 (35−80%).  
PLFA nomenclature  
The shorthand nomenclature used for phospholipid derived fatty acids is as follows. The number before the colon 
indicates the number of carbon atoms, while the number after represents the number of double carbon bonds in the fatty 
acids chain. The position of the initial double bond is then indicated by the last number after the number of carbons from 
the methyl end (ω). The double bond geometry is designated by cis (c) or trans (t). Methyl branching is described as 
being in the second carbon iso (i), third carbon anteiso (a) or a number followed by Me is used to indicate the position 
relative to the carboxyl end (e.g. 10Me16:0). Further details can be found in the literature (Vestal and White, 1989). 
PCR 16S rRNA gene amplicon library preparation and analysis  
PCR reactions were performed with the universal (Bacteria and Archaea) primers S-D-Arch-0519-a-S-15 (5’-CAG 
CMG CCG CGG TAA-3’) and S-D-Bact-0785-a-A-21 (5’-GAC TAC HVG GGT ATC TAA TCC-3’) (Klindworth et 
al., 2013) adapted for pyrosequencing by the addition of sequencing adapters and multiplex identifier (MID) sequences. 
To minimize bias three independent PCR reactions were performed containing: 16.3 µL H2O, 6 µL HF Phusion buffer, 
2.4 µL dNTP (25 mM), 1.5 µL forward and reverse primer (10 µM; each containing an unique MID tail), 0.5 µL Phusion 
Taq and 2 µL DNA (6 ng/µL). The PCR conditions were following: 98ºC, 30 s; 25 × [98ºC, 10 s; 53 ºC, 20 s; 72ºC, 
30 s]; 72 ºC, 7 min and 4ºC, 5 min.  
The PCR products were loaded on a 1% agarose gel and stained with SYBR® Safe (Life technologies, 
Netherlands). Bands were excised with a sterile scalpel and purified with Qiaquick Gel Extraction Kit (QIAGEN, 
Valencia, CA) following the manufacturer’s instructions. PCR purified products were quantified with Quant-iTTM 
PicoGreen® dsDNA Assay Kit (Life Technologies, Netherlands). Equimolar concentrations of the barcoded PCR 
products were pooled and sequenced on GS FLX Titanium platform (454 Life Sciences) by Macrogen Inc. Korea.  
Samples were analyzed using the QIIME pipeline (Caporaso et al., 2010). Raw sequences were demultiplexed 
and then quality-filtered with a minimum quality score of 25, length between 250−350, and allowing maximum two 
errors in the barcode sequence. Sequences were then clustered into operational taxonomic units (OTUs, 97% similarity) 
with UCLUST (Edgar, 2010). Reads were aligned to the Greengenes Core reference alignment (DeSantis et al., 2006) 
using the PyNAST algorithm (Caporaso et al., 2010). Taxonomy was assigned based on the Greengenes taxonomy 
and a Greengenes reference database (version 12_10) (McDonald et al., 2012; Werner et al., 2012). Representative 
OTU sequences assigned to the specific taxonomic groups were extracted through classify.seqs and get.lineage in 
Mothur (Schloss et al., 2009) by using the greengenes reference and taxonomy files. 
In order to determine a more accurate taxonomic classification of the bacterial groups with high percentage of reads 
and known to contain members with chemolithoautotrophic metabolism, sequence reads of the order Chromatiales and 
Thiotrichales (Fig. S1, S2), reads of the order Desulfarculales (Fig. S3), the family of Desulfobulbaceae (Fig. S4a) and 
the genus Desulfubulbus (Fig. S4b), reads of the family Desulfobacteraceae (Fig. S5a–c), and additionally reads of the 
order Campylobacterales (Fig. S6a–d) were extracted from the dataset and added to a phylogenetic tree as described in 
the Experimental procedures.  
Quantification of cable bacteria and Beggiatoaceae  
Microscopic identification of cable bacteria was achieved by fluorescence in situ hybridization (FISH), using a 
Desulfobulbaceae-specific oligonucleotide probe (DSB706; 5′-ACC CGT ATT CCT CCC GAT-3′), according to 
(Schauer et al., 2014). Cable bacteria biovolume per unit of sediment volume (mm3 cm-3) was calculated based on 
measured filament length and diameter. The areal biovolume of cable bacteria (mm3 cm-2) was obtained by depth 
integration over all sediment layers analyzed.  
The minimum limits of quantification via FISH for single cells were 1.5 × 106 cells cm-3, taken as the FISH count 
with the negative control probe NON338; a minimum of 1000 DAPI (4,6-diamidino-2-phenylindole) stained cells was 
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evaluated for this count. The FISH detection limit for cable bacteria was lower than for single cells, and was calculated 
to be 10 cm filament cm-3 (corresponding to <1 filament in 0.1 ml of sediment).  
Filamentous Beggiatoaceae were identified via inverted light microscopy (Olympus IM) within 24 h of sediment 
retrieval. Intact sediment cores were sectioned at 5 mm intervals over the top 4 cm from which subsamples (20−30 mg) 
were used to count living Beggiatoaceae (Seitaj et al., 2015). The biovolume was determined by measuring length and 
width of all filaments found in the subsample, following the counting procedure described in (Jørgensen et al., 2010).  
Statistical analysis  
All statistical analyses were performed using the CRAN: stats package in the open source software R. A two-way 
ANOVA (aov) was used to test the effect of station, season, and sediment depth on bacterial biomass, 
chemolithoautotrophic activity, and gene abundances. PLFA concentrations and 13C-incorporation values were 
expressed as a fraction of the total bacterial biomass and 13C-incorporation (respectively) per sediment sample. These 
relative PLFA values were first log-transformed (log (x+1)) and subsequently analyzed with Principal Component 
Analysis (PCA: prcomp) to distinguish different bacterial and chemolithoautotrophic communities in the sediment.  
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Figure S1−S6: Phylogenetic comparison of bacterial 16S rRNA gene amplicon sequences retrieved in this 
study, added to a reference tree generated from the SILVA database using the ARB parsimony tool. (red: 
sequences obtained from stations S1, S2 and S3 in March and August, bold: closest known relatives). 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure S1: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Gammaproteobacteria, 
order: Chromatiales.
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Figure S2: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Gammaproteobacteria, 
order: Thiotrichales, family: Thiotrichaceae.
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Figure S3: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Deltaproteobacteria, 
order: Desulfarculales. 
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Figure S4a: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Deltaproteobacteria, (a) 
order: Desulfobacterales, family: Desulfobulbaceae.
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Figure S4b: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Deltaproteobacteria, 
order: Desulfobacterales, family: Desulfubulbaceae.
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Figure S5a: Bacterial 16S rRNA gene amplicon sequences assigned to in the class of Deltaproteobacteria, 
order: Desulfobacterales, family: Desulfobacteraceae.
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Figure S5b: Bacterial 16S rRNA gene amplicon sequences assigned to in the class of Deltaproteobacteria, 
order: Desulfobacterales, family: Desulfobacteraceae.
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Figure S5c: Bacterial 16S rRNA gene amplicon sequences assigned to in the class of Deltaproteobacteria, 
order: Desulfobacterales, family: Desulfobacteraceae.
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Figure S6a: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Epsilonproteobacteria, 
order: Campylobacterales, (a) family: Helicobacteraceae, genus: Sulfurovum, (b) family: 
Campylobacteraceae, genus: Acrobacter, (c) family: Campylobacteraceae, genus: Sulfurimonas.
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Figure S6b: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Epsilonproteobacteria, 
order: Campylobacterales, (a) family: Helicobacteraceae, genus: Sulfurovum, (b) family: 
Campylobacteraceae, genus: Acrobacter, (c) family: Campylobacteraceae, genus: Sulfurimonas.
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Figure S6c: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Epsilonproteobacteria, 
order: Campylobacterales, (a) family: Helicobacteraceae, genus: Sulfurovum, (b) family: 
Campylobacteraceae, genus: Acrobacter, (c) family: Campylobacteraceae, genus: Sulfurimonas. 
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Figure S6d: Bacterial 16S rRNA gene amplicon sequences assigned to the class of Epsilonproteobacteria, 
order: Campylobacterales, (a) family: Helicobacteraceae, genus: Sulfurovum, (b) family: 
Campylobacteraceae, genus: Acrobacter, (c) family: Campylobacteraceae, genus: Sulfurospirillum. 
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Figure S7: Characteristic PLFA profiles of (a) the average relative concentration of PLFAs for March (0–
0.5cm and 2–4 cm) and August (0–1 cm), (b) the average delta 13C values and (c) relative 13C incorporation 
of PLFAs for S2 and S1/S3 March (0–1 cm). 
